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A multi-enzyme cascade with internal cofactor
cycling for the green conversion of inert n-alkanes
to α,ω-dicarboxylic acids

Zhijun Kong,a Weihan Sun,a Wenjin Dong,a Su Song,a Li Ma,*a Shengying Li *a,b and
Hui Chen *a

The selective conversion of chemically inert linear alkanes into α,ω-dicarboxylic acids remains a significant

challenge in sustainable chemistry. α,ω-Dicarboxylic acids are key building blocks for high-performance

polymers and pharmaceuticals, their industrial production relies on energy-intensive, poorly selective

multi-step oxidation processes. These limitations stem from the intrinsic inertness of inactivated primary

C–H bonds and the difficulty of achieving regioselective dual-terminal C–H bond oxyfunctionalization

under mild conditions. Consequently, progress in the conversion of chemically inert linear alkanes into

α,ω-dicarboxylic acids hinges on two central challenges: enabling highly regioselective terminal C–H oxi-

dation and developing sustainable transformation pathways. To address these challenges, we developed a

multi-enzyme cascade driven by internal cofactor cycling that enables one-pot deep oxidation of

dodecane to dodecanedioic acid under mild conditions. In the first stage, a hydrogen-borrowing-based

NADH regeneration strategy enables selective oxidative C–H functionalization, converting dodecane to

dodecanoic acid. Coupling this step with a second hydrogen-borrowing cycle and in situ elimination of

H2O2 further drives terminal oxidation, ultimately affording 1.49 mM dodecanedioic acid. In addition,

nonane, decane, undecane, and tridecane were successfully converted into their corresponding

α,ω-dicarboxylic acids. Overall, this study establishes a green biocatalytic paradigm for the deep trans-

formation of inert alkanes using molecular oxygen as the sole oxidant, enabled by internal cofactor

cycling and in situ reactive oxygen management. This strategy maximizes atom economy and provides an

efficient and sustainable route for upgrading linear alkanes into value-added products.

Green foundation
1. This work advances green chemistry by enabling efficient, waste-minimized conversion of inert fossil-based alkanes into valuable α,ω-dicarboxylic acids
through a high-performance biocatalytic platform that embodies atom economy and energy-efficient processing.
2. We developed a self-sustaining multi-enzyme redox cascade that converts inert C9–C13 alkanes into α,ω-dicarboxylic acids with >99% terminal selectivity.
The system relies entirely on internal NADH recycling, producing various α,ω-dicarboxylic acids without sacrificial co-substrates, maximizing atom economy
and process efficiency.
3. Future work will enhance enzyme efficiency, stability, and reuse through protein engineering and immobilization to improve atom economy and space–
time yield. Transitioning from petrochemical alkanes to renewable, bio-derived feedstocks will further strengthen the sustainability and circularity of this bio-
catalytic platform.

Introduction

Dicarboxylic acids (DCAs), a class of linear α,ω-dicarboxylic
acids, are essential monomers for the manufacture of high-

performance engineering plastics, specialty polymers, plastici-
zers, fragrances, and pharmaceutical intermediates.1,2 The
global market for long-chain DCAs continues to expand,
driven by the increasing demand for sustainable materials
with excellent thermal and mechanical properties.3,4 However,
conventional industrial routes for DCA production rely heavily
on multi-step chemical processes that are both energy-inten-
sive and environmentally detrimental. For instance, in the
industrial manufacture of adipic acid, cyclohexane is first
partially oxidized to a cyclohexanol/cyclohexanone mixture
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(commonly referred to as KA oil), which is subsequently oxi-
dized with concentrated nitric acid in a separate step.5–7 This
nitric-acid oxidation requires elevated temperatures
(70–170 °C) and excess oxidant, resulting in high energy con-
sumption and low process efficiency. Moreover, this step inevi-
tably generates large quantities of nitrous oxide (N2O), a
potent greenhouse gas with a global warming potential
approximately 300 times greater than that of carbon
dioxide.5–8 In addition to N2O emissions, the nonselective
nature of nitric-acid oxidation leads to the formation of struc-
turally similar byproducts, such as succinic and glutaric acids.
Their separation from the target product requires energy-inten-
sive, multi-stage crystallization and purification processes, sig-
nificantly reducing atom economy and increasing waste
generation.8,9 Consequently, this high-carbon-emission, low-
selectivity, and resource-inefficient production route stands in
sharp contrast to the principles of green chemistry and the
urgent goals of carbon neutrality.

Breakthroughs in synthetic biology have opened new
avenues for the green manufacturing of DCAs. Current strat-
egies for DCA biosynthesis predominantly focus on construct-
ing efficient microbial cell factories through metabolic engin-
eering and strain improvement. These approaches generally
comprise three core dimensions. At the level of substrate
uptake, transmembrane mass-transfer limitations associated
with hydrophobic substrates are addressed by introducing or
overexpressing specific transporters, such as AlkL or
CtFat1p.10–12 At the catalytic conversion level, the native
ω-oxidation pathway is reinforced by integrating highly regio-
selective monooxygenases with dehydrogenase systems to
enhance terminal oxidation efficiency.8,13,14 At the level of
metabolic flux regulation, gene-editing strategies are employed
to block competing β-oxidation pathways, thereby directing
carbon flux preferentially toward DCA biosynthesis.15–18

Although microbial fermentation utilizing glucose, fatty acids,
or even n-alkanes has achieved high product titers, whole-cell
biocatalysis is inherently constrained by the competition for
carbon sources between cell growth and product synthesis,
resulting in limited atom economy. Straight-chain alkanes,
have garnered significant attention fundamental feedstocks in
the petrochemical industry, owing to simple molecular struc-
tures and abundant reserves; however exhibit highly inert C–H
bonds and low chemical reactivity.19–21 Compared with fatty
acids and oil-based substrates, which have been extensively
explored, the biocatalytic upgrading of straight-chain alkanes
remains far less developed. The development of a biocatalytic
system capable of directly converting straight-chain alkanes
into DCAs would not only significantly streamline synthetic
routes but also fundamentally circumvent the environmental
burdens associated with conventional chemical processes.
However, two fundamental challenges still hinder progress in
this field: (i) achieving sustainable and highly regioselective
dual-terminal C–H functionalization of linear alkanes under
mild conditions, and (ii) designing flexible and sustainable
catalytic pathways capable of efficiently orchestrating these
complex multi-step transformations. Therefore, developing

sustainable strategies for constructing such frameworks is of
great significance. Highlighting this significance, the ACS
Green Chemistry Institute® Pharmaceutical Roundtable
(GCIPR) identified “aliphatic and aromatic C–H activation,
using green oxidants and giving predictable site selectivities”
as a key research area in 2018, underscoring the demand for
efficient, environmentally benign alternatives.22

The ubiquitous C–H bond is intrinsically inert owing to
high bond dissociation energy.23,24 Conventional activation
strategies typically rely on precious transition-metal catalysts
(e.g., Pd, Rh) or aggressive radical initiators under harsh
conditions.8,25 However, these approaches generally exhibit
poor regioselectivity, particularly along aliphatic chains, and
depend on hazardous oxidants, causing low atom economy
and toxic byproducts.26,27 In contrast, enzymatic C–H bond
functionalization offers inherent advantages in regioselectivity,
stereoselectivity, and substrate specificity.28 These biocatalytic
transformations proceed under mild aqueous conditions and
often exhibit high catalytic efficiency.29 Nevertheless, enzymes
capable of dual-terminal C–H functionalization are rare in
nature, as most metabolic pathways require modification at
only a single terminal position. Consequently, research on
enzymatic terminal C–H bond oxyfunctionalization has pri-
marily focused on two major enzyme classes: alkane hydroxyl-
ase (AlkB) and cytochrome P450 fatty acid hydroxylases belong-
ing to the CYP153 family. AlkB systems, such as those derived
from Pseudomonas putida GPo1, catalyze the regioselective acti-
vation of single-terminal C–H bonds in C5–C12 alkanes
through a three-component electron transfer chain consisting
of AlkB, rubredoxin (AlkG), and rubredoxin reductase
(AlkT).30–33 The CYP153A family represents a distinct group of
class I cytochrome P450 monooxygenases that require ferre-
doxin (Fdx) and ferredoxin reductase (FdR) for electron trans-
fer and are specialized in terminal ω-hydroxylation of alkanes
and fatty acids. Among them, CYP153AMaq from Marinobacter
aquaeolei has been extensively investigated.34,35 This enzyme
exhibits excellent regioselectivity (>95%) toward
ω-hydroxylation of fatty acids with chain lengths ranging from
C9 to C20.

36

Building upon the efficient oxyfunctionalization of C–H
bonds, the rational design and integration of downstream
multi-step reaction processes are essential for the deep conver-
sion of chemically inert alkane into value-added products. In
this context, in vitro multi-enzyme cascade catalysis offers an
attractive solution. By modularly assembling enzymes from
different biological origins, continuous catalytic pathways can
be constructed in a single reactor without reliance on protect-
ing groups, thereby avoiding intermediate isolation, minimiz-
ing chemical waste, and eliminating protection–deprotection
steps.30,37,38 More importantly, the flexibility of in vitro cascade
systems enables the design of artificial and shortened reaction
routes that bypass the complexity of cellular metabolism. Such
streamlined pathways reduce the number of reaction steps,
maximize theoretical yields, and substantially improve the
overall atom economy of the process.39 However, these cascade
reactions are typically dependent on nicotinamide cofactors
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(NAD(P)H/NAD(P)+), and their stoichiometric consumption sig-
nificantly increases operational costs.40 Conventional cofactor
regeneration strategies, such as formate dehydrogenase/
formate systems, partially mitigate this issue but require sacri-
ficial substrates and often introduce undesired side reactions,
thereby compromising atom economy and process
sustainability.41–43 In recent years, biocatalytic hydrogen bor-
rowing has emerged as a powerful alternative, owing to its
exceptional atomic efficiency and thermodynamically self-sus-
taining nature.44 In this mechanism, two enzyme-catalyzed
half-reactions are intrinsically coupled: during the oxidative
half-cycle, hydride equivalents released from substrate dehy-
drogenation are captured by NAD+ to form NADH; during the
reductive half-cycle, NADH subsequently transfers the hydride
to another substrate, regenerating NAD+.45 This closed-loop
hydrogen-borrowing design eliminates the need for external
sacrificial reagents and enables unidirectional cascade pro-
gression driven by a favorable free energy gradient.30 By estab-
lishing an internal hydrogen economy, this strategy not only
enhances process efficiency and sustainability but also simpli-
fies reaction engineering by preventing the accumulation of
regeneration byproducts that may inhibit enzyme activity or
complicate downstream purification.

In this study, we address a key challenge in green alkane
valorization by developing a tailored in vitro multi-enzyme
cascade for the deep conversion of linear alkanes. The cascade
integrates an alkane hydroxylase (AlkB, EC 1.14.15.3) from
Pseudomonas putida GPo1,30–32 an engineered choline oxidase
(AcCO6, EC 1.1.3.17) from Arthrobacter chlorophenolicus,46,47 an
aldehyde dehydrogenase (EcALDH, EC 1.2.1.5) from
Escherichia coli K-12,48 and an engineered cytochrome P450
ω-hydroxylase (CYP153AMaq, EC 1.14.15.3) from Marinobacter
aquaeolei.35 We demonstrate efficient, highly regioselective
dual-terminal C–H bond activation system under mild con-
ditions, using molecular oxygen as the sole oxidant and water
as the green solvent. Central to this strategy is the implemen-
tation of an internal hydrogen-borrowing mechanism, which
enables autonomous NAD(H) recycling without external sacrifi-
cial substrates. This work establishes a concise, atom-economi-
cal, and sustainable biocatalytic paradigm for upgrading
chemically inert alkanes, providing a green alternative to con-
ventional energy-intensive and high-emission synthetic routes.

Materials and methods
Chemicals, bacterial strains, and medium

Unless stated otherwise, all chemicals were purchased from
Aladdin (Shanghai, China). The strains E. coli C43(DE3)-
pET-20b-alkb, E. coli BL21(DE3)-pET-20b-alkg, E. coli BL21
(DE3)-pET-20b-acco6, E. coli BL21(DE3)-pET-20b-aldh, BL21
(DE3)-pET-20b-cata, and BL21(DE3)-pET-28a-pdr were all
obtained from our laboratory collection. The recombinant
plasmid pET-20b-CYP153AMaq was synthesized and con-
structed by Genscript, Inc. Luria–Bertani (LB) medium was
used for E. coli cell culture and recombinant protein

expression, Terrific Broth (TB) medium was used for
CYP153AMaq and Pdx expression. The final concentration of
antibiotics used for the culture of E. coli cell harbored foreign
plasmid and the expression of recombinant proteins was
100 mg L−1 ampicillin (E. coli harbored plasmids with pET-20b
backbone) or 50 mg L−1 kanamycin (E. coli harbored plasmids
with pET-28a backbone).

Expression and purification of enzymes with His-tag

E. coli BL21(DE3) strain containing expression plasmids of
EcALDH, AcCO6, PdR and CatA proteins was inoculated into
LB medium and cultured at 37 °C until the OD600 reached
0.6–0.8. IPTG was then added to a final concentration of
0.5 mM, and the culture temperature was adjusted to 16 °C for
induced expression for 16–20 hours. Cells were harvested by
centrifugation at 6000g for 10 minutes. The cell pellet was
resuspended in 50 mM KPi buffer (pH = 7.2), sonicated, and
then centrifuged at 12 000 rpm for 1.5 hours. Load the super-
natant onto a HisPrep™ FF 16/10 chromatography column
(Cytiva, Amersham, UK). First, elute the impurities with
50 mM KPi buffer (pH = 7.2) containing 30 mM imidazole,
and then elute the target protein with 50 mM KPi buffer (pH =
7.2) containing 200 mM imidazole. The purified protein frac-
tion was concentrated by centrifugation at 4000g for 1 hour
using Amicon ultrafiltration centrifuge tubes with a molecular
weight cutoff of 10 kDa. The sample was then washed twice
with 50 mM KPi buffer (pH = 7.2) to completely remove any
residual imidazole. The purified proteins (10 µL) were loaded
into 12% SDS PAGE to check the quality of purification
(Fig. S1).

Expression and purification of AlkB

A 1% preculture of E. coli C43 (DE3) harbored pET-20b-alkb
plasmid was grown overnight in LB medium containing
100 mg L−1 ampicillin at 30 °C with vigorous shaking (200
rpm). 5 L LB medium with 100 mg L−1 ampicillin was inocu-
lated with the 2% (v/v) preculture and incubated at 30 °C until
the optical density at OD600 reached 0.5, followed by the
addition of 0.5 mM IPTG (final concentration) and 60 mg L−1

FeCl2·4H2O (final concentration). Then, the culture was incu-
bated at 30 °C for 6 hours and harvested by centrifugation at
6000g for 10 minutes. Cell pellets were resuspended in buffer
solution: 50 mM KPi buffer (pH = 7.2), 150 mM NaCl, 15% gly-
cerol, 4 mM β-mercaptoethanol, followed by sonification.
Disrupted cells were centrifuged at 12 000 rpm for 1 hour to
remove insoluble cell debris. The supernatant was loaded onto
the column packed with HisPrep™ FF 16/10 (Cytiva,
Amersham, UK) and eluted with 50 mM KPi buffer (pH = 7.2)
containing 200 mM imidazole, 150 mM NaCl, 15% glycerol,
and 4 mM β-mercaptoethanol. The purified protein fractions
were concentrated at 5000g for 1 hour using a 30 kDa Amicon
centrifugal filter. The blocked protein (10 µL) was loaded onto
a 12% SDS-PAGE molecule for transient analysis to determine
the blocking quality (Fig. S1). The sample was then flash-
frozen in liquid nitrogen and stored at −80 °C for subsequent
experiments.30
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Expression and purification of CYP153AMaq

CYP153AMaq was expressed and purified as previous report with
some modifications.33 E. coli BL21 (DE3) containing pET-20b-
CYP153AMaq plasmid was inoculated into 6 mL TB medium con-
taining 100 mg L−1 ampicillin and cultured overnight at 37 °C
and 220 rpm to prepare seed culture. The preculture was trans-
ferred to 3 L TB medium at an inoculum of 1% (v/v) and ampi-
cillin was added to a final concentration of 100 mg L−1, and
vitamin B1 to a final concentration of 1 mM to initiate the
expansion culture. When the OD600 reaches approximately
0.6–0.8, add 0.2 mM IPTG (final concentration), 0.5 mM
ammonium ferric citrate (final concentration), and 1 mM
δ-aminolevulinic acid (final concentration). After culturing the
culture at 20 °C for 18 hours, the cells were harvested by cen-
trifugation at 6000g for 10 minutes at 4 °C. The cell pellets were
resuspended in 50 mM KPi buffer (pH = 7.2), followed by sonifi-
cation. After centrifugation, the supernatant was loaded onto
the column packed with HisPrep™ FF 16/10 (Cytiva, Amersham,
UK) and eluted with 50 mM KPi buffer (pH = 7.2) containing
200 mM imidazole. The purified protein fractions were concen-
trated at 4000g for 1 hour using a 30 kDa Amicon centrifugal
filter and washed twice with 50 mM KPi buffer (pH = 7.2) to
remove imidazole. Protein samples were fractionated and flash
frozen using liquid nitrogen to be stored at −80 °C until used in
further steps. The purified proteins (10 µL) were loaded into
12% SDS-PAGE to check the quality of purification (Fig. S1).

Expression and purification of Pdx

Pdx was expressed and purified as previous report with some
modifications. E. coli BL21(DE3) containing pET-20b-Pdx plasmid
was inoculated into 6 mL TB medium containing 100 mg L−1

ampicillin and cultured overnight at 37 °C and 220 rpm to
prepare seed culture. The preculture was transferred to 3 L TB
medium at an inoculum of 1% (v/v) and ampicillin was added to
a final concentration of 100 mg L−1 to initiate the expansion
culture. When the OD600 reaches approximately 0.6–0.8, add
0.2 mM IPTG (final concentration), 50 mg mL−1 FeCl2·4H2O
(final concentration). The culture was incubated at 16 °C and 220
rpm for 18 hours. The cell pellet was then collected by centrifu-
gation at 6000g for 10 minutes at 4 °C. The cell pellets were resus-
pended in 50 mM KPi buffer (pH = 7.2), followed by sonification.
After centrifugation, the supernatant was loaded onto the column
packed with HisPrep™ FF 16/10 (Cytiva, Amersham, UK) and
eluted with 50 mM KPi buffer (pH = 7.2) containing 200 mM
imidazole. The purified protein fractions were concentrated at
4000g for 1 hour using a 10 kDa Amicon centrifugal filter and
washed twice with 50 mM KPi buffer (pH = 7.2) to remove imid-
azole. Protein samples were fractionated and flash frozen using
liquid nitrogen to be stored at −80 °C until used in further steps.
The purified proteins (10 µL) were loaded into 12% SDS-PAGE to
check the quality of purification (Fig. S1).

Concentration assays

For most purified enzymes (including AlkB, EcALDH, AcCO6,
CatA, AlkG, PdR, Pdx), protein concentrations were determined

using the Bradford assay. The specific enzyme concentrations
were calculated by measuring the absorbance at 595 nm
against a standard curve constructed with bovine serum
albumin (BSA). The formula for calculating molar concen-
tration is:

Concentration μMð Þ ¼ concentration mgmL�1ð Þ
molecular weight kDað Þ � 1000:

The active CYP153AMaq concentration was determined by
CO titration.27 In a fume hood, CO gas is slowly passed into
the CYP153AMaq solution using a clean Pasteur pipette. The
treated solution was then transferred to a cuvette and placed
in a spectrophotometer from Molecular Devices (USA) for spec-
tral scanning and data recording in the 300–500 nm wave-
length range (Fig. S2).

Concentration μMð Þ ¼ ΔA450 � ΔA490
0:091mM�1 cm�1 :

Enzyme activity assays

The activity of AlkB was measured using a previously described
spectrophotometric assay with some modifications.49 The
200 μL reaction mixture contained 100 mM KPi buffer (pH =
8.0), 0.47 mg mL−1 AlkB, 0.60 mg mL−1 alkG and 2.80 mg
mL−1 PDR (molar ratio of AlkB : AlkG : PdR = 1 : 3 : 6), 0.15 mM
NADH and 2 mM dodecane (5% DMSO as cosolvent) as sub-
strate. The rate of NADH consumption was monitored at
340 nm for 2 min using a Multiskan sky plate reader (Thermo
Fisher Scientific, Finland) at room temperature. The milli-
molar extinction coefficient of NADH (ε340) was 6.22 mM−1

cm−1. The background activity was determined by the addition
of 5% DMSO, which does not contain dodecane. All samples
were quantified as triplicates. The activity was expressed as
units (U) per mg protein, where 1 U was defined as 1 µmol of
dodecane consumed (consuming 1 µmol NADH) per min. The
specific activity of AlkB was determined to be 0.13 ± 0.02 U
mg−1.

The enzymatic activity of AcCO6 was measured at room
temperature in a 500 μL reaction mixture comprising 100 mM
KPi buffer (pH 8.0), 0.61 mg mL−1 AcCO6, and 2 mM 12-hydro-
xydodecanoic acid. Following a 10 min incubation, the reac-
tion was quenched by acidification with 10% (v/v) hydrochloric
acid. Subsequently, the mixture was extracted using 500 μL
Methyl tert-Butyl Ether (MTBE) containing 0.5 mM n-eicosane
as an internal standard. All assays were performed in triplicate.
One unit (U) of enzyme activity was defined as the amount of
enzyme required to consume 1 µmol of 12-hydroxydodecanoic
acid per minute. The specific activity of AcCO6 was determined
to be 4.3 ± 0. 2 mU mg−1.

The activity of CYP153AMaq was measured using a spectro-
photometric assay. The 200 μL reaction mixture contained
100 mM KPi buffer (pH = 8.0), 0.54 mg mL−1 CYP153AMaq,
0.47 mg mL−1 PdR and 1.26 mg mL−1 Pdx (molar ratio of
CYP153AMaq : PdR : Pdx = 1 : 1 : 10), 0.15 mM NADH and 2 mM
dodecanoic acid (5% DMSO as cosolvent) as substrate. The
rate of NADH consumption was monitored at 340 nm for
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2 min using a Multiskan sky plate reader (Thermo Fisher
Scientific, Finland) at room temperature. The millimolar
extinction coefficient of NADH (ε340) was 6.22 mM−1 cm−1. The
background activity was determined by the addition of 5%
DMSO, which does not contain dodecanoic acid. All samples
were quantified as triplicates. The activity was expressed as
units (U) per mg protein, where 1 U was defined as 1 µmol of
12-hydroxydodecanoic acid generated (consuming 1 µmol
NADH) per min. The specific activity of CYP153AMaq was deter-
mined to be 0.17 ± 0.06 U mg−1.

The activity of EcALDH was measured using a continuous
spectrophotometric assay at room temperature. Activity toward
dodecanal: the 200 μL reaction mixture comprised 100 mM
KPi buffer (pH 8.0), 0.54 mg mL−1 EcALDH, 0.15 mM NAD+,
and 2 mM dodecanal (using 5% DMSO as a cosolvent). The
rate of NADH generation was monitored continuously at
340 nm for 2 min using a Multiskan Sky plate reader (Thermo
Fisher Scientific, Finland). A millimolar extinction coefficient
(ε340) of 6.22 mM−1 cm−1 was used for NADH quantification.
Background activity was corrected by utilizing a substrate-free
control containing 5% DMSO. All assays were performed in
triplicate. One unit (U) of activity was defined as the amount
of enzyme required to generate 1 µmol of NADH per minute,
corresponding to the oxidation of 1 µmol of dodecanal. The
specific activity of EcALDH toward dodecanal was determined
to be 0.36 ± 0.01 U mg−1. Activity toward 12-oxododecanoic
acid: due to the commercial unavailability of a 12-oxododeca-
noic acid standard, the substrate was prepared enzymatically
using AcCO6. Briefly, a 500 μL reaction mixture containing
100 mM KPi buffer (pH 8.0), 100 μM AcCO6, 10 μM CatA, and
2 mM 12-hydroxydodecanoic acid (with 5% DMSO as a cosol-
vent) was incubated for 8 h under magnetic stirring at 500
rpm. Following the reaction, proteins were removed via ultrafil-
tration using an Amicon Ultra centrifugal filter (10 kDa
MWCO) to harvest the generated 12-oxododecanoic acid.
Subsequently, the EcALDH activity assay was performed in a
final volume of 200 μL containing 100 mM KPi buffer (pH 8.0),
0.54 mg mL−1 EcALDH, 0.15 mM NAD+, and the obtained fil-
trate as the substrate. NADH generation was monitored at
340 nm for 2 min, as described above. One unit (U) of activity
was defined as the generation of 1 µmol of NADH per minute,
corresponding to the formation of 1 µmol of dodecanedioic
acid. The specific activity of EcALDH toward 12-oxododecanoic
acid was determined to be 0.32 ± 0.01 U mg−1.

Multi-enzymatic conversion from dodecane to dodecanoic acid

The conversion of dodecane to dodecanoic acid was performed
using a 7 mL sealed vial at room temperature. The 500 μL reac-
tion mixture contained 100 mM KPi buffer (pH = 8.0), 25 μM
(0.15 U mL−1) AlkB, 75 μM AlkG, 150 μM PdR (molar ratio of
AlkB : AlkG : PdR = 1 : 3 : 6), 15 μM (0.29 U mL−1) EcALDH,
25 μM NADH, and 0.75% (v/v) dodecane as substrate. To
ensure the uniform dispersion of the highly hydrophobic
dodecane in the aqueous system, the mixture was briefly soni-
cated at 40 kHz for 40 s prior to the reaction. The reactions
were started by the injection of 3 mL of air and were incubated

under continuous magnetic stirring at 500 rpm. The generated
products were extracted using MTBE, with 0.5 mM eicosane as
an internal standard. The reaction pathway was shown as
Scheme S2.

The conversion from dodecanoic acid to dodecanedioic acid

The one-pot conversion of dodecane to dodecanedioic acid
was achieved through two consecutive functional modules.
Module I is a two-step C–H bond oxygen functionalization
reaction of dodecane. The module I reaction was performed
using the method mentioned in the above section of “Multi-
enzymatic concersion from dodecane to dodecanoic acid”.
After 6 hours of the Module I reaction, the reaction mixture
was used directly without any intermediate enzyme removal
steps. This one-pot strategy ensures that the endogenous
NADH pool regenerated during Module I remains completely
intact within the mixture, naturally carrying over to drive the
subsequent catalytic cycles. Module II generates dodecanedioic
acid by continuously oxidizing the C–H bond at the ω position
of the dodecanoic acid. The reaction of Module II was initiated
sequentially by adding 30 mM MgCl2, 20 μM (0.19 U mL−1)
CYP153AMaq, 20 μM PdR, 200 μM Pdx (molar ratio of
CYP153AMaq : PdR : Pdx = 1 : 1 : 10), 100 μM (0.03 U mL−1)
AcCO6, 30 μM (0.52 U mL−1) EcALDH, and 10 μM CatA directly
into the same reaction vessel.

GC analysis

Gas chromatography was used to detect and quantify the inter-
mediates and products of the reaction. Samples containing
dodecanol, dodecanal, dodecanoic acid, 12-hydroxydodecanoic
acid, and 12-oxododecanoic acid were analyzed directly follow-
ing acidification with 10% HCl and extraction with MTBE,
which contained 0.5 mM eicosane as an internal standard.
Experiments were conducted using a FULI INSTRUMENTS
GC9790 plus (Zhejiang, China) equipped with an Agilent HP-5
column (30 m × 0.32 mm × 0.25 μm). The inlet temperature
was held at 240 °C with a 1.0 mL min−1 column flow rate and
nitrogen as the carrier gas. 2 µL samples were injected onto
the column. The oven temperature was held at 60 °C for 1 min,
then ramped to 200 °C at 20 °C min−1 and held at 200 °C for
15 min. Given its significantly higher polarity and lower vola-
tility compared to the monoacid, dodecanedioic acid cannot
be accurately detected directly under these conditions.
Therefore, as described in Fig. S6a of the SI, all samples for its
quantification were subjected to derivatization prior to GC
analysis.

Results and discussion
Design of the multi-enzymatic deep conversion system of
dodecane

Herein, the multi-enzymatic deep conversion of dodecane was
employed as a model reaction. As illustrated in Fig. 1, the
transformation of dodecane to dodecanedioic acid proceeds
through two consecutive and functionally integrated modules.
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Module I involves a two-step, regioselective terminal C–H oxy-
functionalization of dodecane enabled by internal cofactor re-
cycling. Specifically, dodecane is first oxidized to dodecanal via
AlkB-catalyzed regioselective terminal C–H hydroxylation, con-
suming NADH. Subsequently, dodecanal is further oxidized to
dodecanoic acid by EcALDH. Notably, during this process, the
NAD+ generated in the AlkB-catalyzed hydroxylation step is sim-
ultaneously reduced back to NADH by EcALDH, thereby estab-
lishing a closed hydrogen-borrowing cycle. This internally
balanced cofactor regeneration eliminates the need for external
reducing agents and underpins the sustainability and atom
economy of the overall transformation.

Module II enables the oxidation of the ω-C–H bond of dode-
canoic acid to afford dodecanedioic acid via a designed enzy-
matic cascade that features internal cofactor recycling. In this
module, the dodecanoic acid produced in Module I undergoes
regioselective ω-hydroxylation catalyzed by CYP153AMaq, con-
suming NADH and generating NAD+ to form 12-hydroxydode-
canoic acid. AcCO6 subsequently oxidizes the hydroxyl inter-
mediate to yield 12-oxododecanoic acid, with molecular
oxygen serving as the terminal oxidant and H2O2 formed as a
byproduct. To prevent oxidative deactivation of the enzymatic
system, catalase (CatA) rapidly decomposes H2O2 in situ.
Finally, EcALDH utilizes the NAD+ generated in the
CYP153AMaq-catalyzed step to oxidize the aldehyde group to a
carboxyl group, producing dodecanedioic acid and regenerat-
ing NADH. This sequence closes a second hydrogen-borrowing
cycle within Module II.

Overall, driven by two integrated hydrogen-borrowing
cycles, the chemically inert dodecane is converted to dodeca-

nedioic acid using molecular oxygen as the sole terminal
oxidant under ambient conditions. The tight coupling of regio-
selective C–H oxyfunctionalization with internal cofactor
regeneration eliminates the need for external reducing agents
or sacrificial cofactors, thereby maximizing atom economy and
process sustainability, which provides a green strategy for the
deep oxidation of chemically inert alkanes.

Module I: optimization of dodecane loading

AlkB requires auxiliary redox partners, including AlkG and
AlkT, to shuttle electrons from NADH to the diferric active site
of AlkB, thereby enabling regioselective hydroxylation of the
terminal C–H bond.28,50,51 To overcome the low expression
level of AlkT in Escherichia coli, we adopted a substitution strat-
egy reported in previous studies, employing putidaredoxin
reductase (PdR, UniProt: P16640) from Pseudomonas putida as
a functional surrogate for AlkT (Scheme S1).28,30

To identify the optimal reaction conditions for Module I,
we systematically evaluated the effect of n-dodecane loading
on product distribution. As shown in Fig. 2a and Fig. S3, the
cumulative concentrations of dodecanal and dodecanol
increased with increasing n-dodecane loading. An optimal
n-dodecane concentration of 0.75% (v/v) was identified,
affording the highest accumulation of dodecanal (0.13 mM)
along with only a minor amount of dodecanol (0.01 mM) after
2 h of reaction at an AlkB concentration of 10 μM.

Although increasing substrate loading can enhance overall
conversion efficiency, further increases in n-dodecane concen-
tration to 1–2% (v/v) resulted in a pronounced decrease in
dodecanal accumulation (Fig. 2a). At these higher loadings,
excess n-dodecane induces the formation of an aqueous–
organic biphasic system. Maintaining such a system requires
vigorous stirring to increase the interfacial area and facilitate
mass transfer, which promotes enzyme adsorption at the
phase boundary. This interfacial adsorption disrupts the
electrostatic, hydrophobic, and hydrogen-bonding interactions
that stabilize protein structure, ultimately leading to irrevers-
ible enzyme denaturation.52

Module I: the conversion from dodecane to dodecanoic acid

The optimal concentration of the alkane hydroxylase AlkB was
first evaluated. As shown in Fig. 2b, increasing the AlkB con-
centration initially led to enhanced dodecanal formation, fol-
lowed by a decline at higher enzyme loadings. Dodecanal pro-
duction reached a maximum of 0.56 mM at an AlkB concen-
tration of 25 μM (0.15 U mL−1). However, further increasing
the enzyme concentration to 30 and 35 μM resulted in a pro-
nounced decrease in product accumulation. This decline can
be attributed to intermolecular interactions at high enzyme
concentrations. Beyond a critical threshold, AlkB molecules
aggregate to form higher-order assemblies, thereby reducing
the effective catalytic surface area and inducing conformation-
al changes that compromise enzymatic activity.53,54

Consequently, an AlkB concentration of 25 μM (0.15 U mL−1)
was identified as optimal, providing sufficient catalytic activity

Fig. 1 The schematic representation of the multi-enzyme alkane deep
conversion system that converts dodecane to dodecanedioic acid. AlkB:
alkane hydroxylase, EcALDH: aldehyde dehydrogenase, CYP153AMaq:
P450 monooxygenase, AcCO6: engineered choline oxidase, CatA:
catalase.
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while avoiding the detrimental effects associated with enzyme
aggregation.

In the biocatalytic conversion of dodecane to dodecanedioic
acid, the central transformation involves the stepwise oxi-
dation of the α,ω-terminal methyl C–H bonds to carboxyl
groups. Within this cascade, dodecanoic acid serves as a key
intermediate, as it constitutes the essential precursor for sub-
sequent dual-terminal functionalization. As illustrated in
Fig. 1, this transformation is achieved through the synergistic
action of AlkB and EcALDH. AlkB first catalyzes the regio-
selective over-oxidation of the terminal C–H bond of dodecane
to form dodecanal, which is subsequently oxidized by EcALDH
to yield dodecanoic acid (Fig. S4). This sequence establishes
the chemical foundation for the downstream ω-oxidation step
that leads to the formation of dodecanedioic acid. Notably, the

AlkB- and EcALDH-catalyzed reactions are intrinsically coupled
through a hydrogen-borrowing mechanism, in which the
NADH consumed during AlkB-mediated hydroxylation is
regenerated by EcALDH during aldehyde oxidation, thereby
forming a closed and self-sustaining redox cycle (Scheme S2).

The molar ratio of AlkB to EcALDH in Module I was opti-
mized to ensure coordinated reaction rates between the two
enzymes. As shown in Fig. 2c, the optimal AlkB : EcALDH ratio
was determined to be 25 : 15 (μM : μM), under which 0.63 mM
dodecanoic acid was produced within 2 h in the presence of
4 mM NADH. Notably, no accumulation of the intermediates,
dodecanal or dodecanol, was observed, indicating efficient
coupling of the two catalytic steps. Considering the high cost
of NADH, its dosage was further optimized. As illustrated in
Fig. 2d, increasing the NADH concentration from 10 to 25 μM

Fig. 2 Optimization of the reaction system in Module I. (a) Optimization of dodecane loading, the AlkB concentration was fixed at 10 μM (0.06 U
mL−1). The reactions were performed in a 7 mL sealed vial with magnetic string at room temperature. The 500 μL reaction mixture contained
100 mM KPi buffer (pH = 8.0), 10 μM (0.06 U mL−1) AlkB, 30 μM AlkG, 60 μM PdR (molar ratio of AlkB : AlkG : PdR = 1 : 3 : 6), 4 mM NADH and
dodecane at different concentrations of 0.5–2% (v/v) as substrate. The reactions were performed at room temperature for 2 h. (b) The optimization
of AlkB concentration under a fixed dodecane loading of 0.75% (v/v). The reaction conditions were the same as in a. (c) The optimization of
AlkB : EcALDH ratio with the AlkB concentration fixed at 25 μM (0.15 U mL−1). The reactions were performed at room temperature for 2 h. (d) The
optimization of NADH concentration with the molar ratio of AlkB to EcALDH fixed at 25 : 15 (μM : μM). The reactions were performed at room temp-
erature for 2 h. All data is presented as the mean value of three independent technical experiments (n = 3), and the error bars indicate ± SD.
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led to a marked improvement in reaction efficiency and dode-
canoic acid accumulation. At an NADH concentration of
25 μM, the dodecanoic acid concentration reached 0.70 mM
after 2 h, again without detectable accumulation of intermedi-
ates. Further increases in NADH concentration did not result
in additional product formation, indicating that the reaction
was no longer limited by cofactor availability. Significantly, the
implementation of the hydrogen-borrowing strategy for in situ
NADH regeneration substantially enhanced the efficiency of
AlkB-catalyzed terminal C–H hydroxylation. As shown in
Fig. 2d, the regeneration system yielded 0.70 mM dodecanoic
acid after 2 h, corresponding to effective activation of 0.70 mM
dodecane. In contrast, direct supplementation with 4 mM
NADH resulted in the formation of only 0.56 mM dodecanal
and 0.01 mM dodecanol (Fig. 2b), corresponding to merely
0.57 mM activated dodecane.

This comparison demonstrates that hydrogen-borrowing-
mediated NADH regeneration not only significantly reduces
cofactor consumption but also improves the overall efficiency
of alkane conversion. Under the optimized conditions with
25 μM NADH, the cumulative concentration of dodecanoic
acid continued to increase over time, reaching a maximum of
1.53 mM after 6 h (Fig. 3). Dodecanal was detected only during
the first 2 h of the reaction, whereas dodecanol was not
detected throughout the process. These results indicate that
the hydrogen-borrowing cycle enables highly efficient and sus-
tained NADH regeneration, thereby continuously driving the
conversion of dodecane to dodecanoic acid.

It should be noted that while the canonical two-step
monooxygenation by AlkB theoretically consumes two equiva-

lents of NADH against the regeneration of one NADH by
EcALDH, our system experimentally achieved a >60-fold turn-
over of the initial NADH pool. In accordance with established
phenomena in in vitro multienzyme cascades, this outstand-
ing stoichiometric sufficiency is likely facilitated by the trace
retention of the E. coli endogenous enzymatic network
within the partially purified system.39,55–59 These background
oxidoreductases may either assist in the NAD+-dependent
dehydrogenation of the intermediate alcohol or drive a slow,
continuous background NADH regeneration by utilizing
residual buffer components (e.g., glycerol) as sacrificial elec-
tron donors. This synergistic microenvironment effectively
compensates for the theoretical stoichiometric deficit, main-
taining the thermodynamic viability of the internal hydro-
gen-borrowing loop.

Module II: the conversion from dodecanoic acid to
dodecanedioic acid

In Module I, the terminal C–H bond of dodecane is oxyfunctio-
nalized to form a carboxyl group. Building on this initial
oxygen functionalization, we next introduced a carboxyl group
at the ω-position to achieve complete conversion of dodecane
to dodecanedioic acid. As illustrated in Fig. 1, dodecanoic acid
(DA) is sequentially transformed into 12-hydroxydodecanoic
acid (12-HDA) and 12-oxododecanoic acid (12-ODA) through
the cascade catalysis of CYP153AMaq and AcCO6, respectively,
and is finally oxidized to dodecanedioic acid (DDA) by
EcALDH (Fig. S5 and S6a, b). CYP153AMaq catalyzes the regio-
selective ω-hydroxylation step, thereby initiating the second
terminal functionalization required for the formation of
α,ω-dicarboxylic acids.35 To support the catalytic activity of
CYP153AMaq, an electron transfer chain comprising putidare-
doxin reductase (PdR) and putidaredoxin (Pdx) from
Pseudomonas putida was employed, with NADH serving as the
electron donor (Scheme S3).60 Notably, CYP153AMaq and
EcALDH operate synergistically to establish a second inte-
grated hydrogen-borrowing cycle, in which the NADH con-
sumed during CYP153AMaq-catalyzed ω-hydroxylation is
efficiently regenerated by EcALDH during the subsequent alde-
hyde oxidation step (Scheme S4). AcCO6 catalyzes the oxidation
of 12-hydroxydodecanoic acid to 12-oxododecanoic acid using
molecular oxygen as the oxidant, concomitantly generating
H2O2 as a byproduct.46 In this cascade system, AcCO6 bridges
the two hydrogen-borrowing catalytic half-cycles of
CYP153AMaq and EcALDH, thereby enabling synergistic oper-
ation of the entire reaction pathway.

In Module II, CYP153AMaq utilizes heterologous redox part-
ners, PdR and Pdx, to drive the ω-hydroxylation of dodecanoic
acid. The lack of native evolutionary co-adaptation between
CYP153AMaq and these redox partners may lead to suboptimal
protein–protein interactions, thereby limiting electron transfer
efficiency. Divalent cations, particularly Mg2+, play a crucial
role in reconstituted P450 systems. Research indicates that
Mg2+ facilitates the functional coupling between the redox
partner and the P450 heme domain. This stabilized interaction
stimulates electron flow, specifically accelerating the rate-limit-

Fig. 3 The tracking of concentrations of dodecanol, dodecanal, and
dodecanoic acid follows a time course. The reactions were performed in
a 7 mL sealed vial with magnetic string at room temperature. The 500 μL
reaction mixture contained 100 mM KPi buffer (pH = 8.0), 25 μM (0.15 U
mL−1) AlkB, 75 μM AlkG, 150 μM PdR (molar ratio of AlkB : AlkG : PdR =
1 : 3 : 6), 15 μM (0.29 U mL−1) EcALDH, 25 μM NADH and 0.75% (v/v)
dodecane as substrate. All data is presented as the mean value of three
independent technical experiments (n = 3), and the error bars indicate ±
SD.
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ing reduction of the ferric P450-substrate complex (Fe3+–Fe2+),
thereby driving a significant enhancement in overall oxidation
turnover.61 To address this limitation, the Mg2+ concentration
in Module II was systematically optimized (Fig. 4a).
12-Hydroxydodecanoic acid (12-HDA) was detected across all
tested Mg2+ concentrations, and its yield increased markedly
as Mg2+ concentration increased from 10 to 30 mM, reaching a
maximum at 30 mM (Fig. 4a). However, a further increase to
40 mM Mg2+ resulted in a decline in product formation. This
decrease is likely attributable to excessive ionic strength.
Physiologically, electron transfer complexes rely on electro-
static steering forces to guide the redox partner to the P450
proximal face. However, supra-optimal Mg2+ concentrations
induce strong charge shielding which masks the surface
charge complementarity and disrupts the critical interfacial
salt bridges required for the effective docking between redox
partners and CYP153AMaq, thereby hindering the rate-limiting
electron transfer step.61,62 To further enhance the overall con-
version efficiency, the enzyme ratios in Module II were opti-
mized better to synchronize the reaction rates of the individual
catalytic steps. By systematically varying the concentrations of
CYP153AMaq, AcCO6, and EcALDH, an optimal molar ratio of
20 : 100 : 30 (μM : μM : μM) was identified (Fig. 4b and Fig. S7a,
b), enabling more efficient cascade operation.

As shown in Fig. 5, after 6 h of reaction in Module I, the
Module II system was introduced to initiate DDA synthesis.
Upon initiation, the concentration of 12-HDA increased
rapidly, reaching a maximum of 0.39 mM within 1 h, and was

subsequently consumed efficiently, decreasing to only
0.003 mM after 6 h. In parallel, the concentration of DDA
increased continuously throughout the reaction, reaching a
maximum of 1.49 mM after 6 h. Notably, no accumulation of
12-ODA was observed throughout the conversion process, indi-
cating rapid and efficient turnover of this intermediate within
the cascade. Based on these results, the conversion efficiency
of dodecanoic acid generated in Module I to DDA via Module
II was calculated to be 97.4%. These findings clearly demon-
strate that the hydrogen-borrowing cycle effectively drives the
CYP153AMaq-catalyzed ω-hydroxylation and subsequent oxi-
dation steps, enabling highly efficient and tightly coupled con-
version within the cascade system. Overall, we established a
multi-enzyme cascade system driven by dual internal hydro-
gen-borrowing cycles for the deep oxidation of dodecane to
dodecanedioic acid, which demonstrates significant green
manufacturing potential as highlighted by a comparison with
industrial chemical oxidation (butadiene route) and microbial
fermentation (Table S1). Unlike chemical methods that rely on
precious metals and harsh conditions, our approach achieves
exclusive terminal C–H bond activation under mild conditions,
preventing short-chain byproduct formation. Furthermore,
compared to fermentation which consumes glucose for cofac-
tor regeneration, our system utilizes internal hydrogen-borrow-
ing for cofactor self-sufficiency. This design significantly
enhances atom economy, presenting a sustainable, environ-
mentally friendly route for long-chain dicarboxylic acid
production.

Fig. 4 Optimization of the reaction system in Module II. (a) Optimization of the Mg2+ concentration. With the CYP153AMaq concentration fixed at
10 μM (0.10 U mL−1). The reactions were performed in a 7 mL sealed vial with magnetic string at room temperature. The 500 μL reaction mixture
contained 100 mM KPi buffer (pH = 8.0), 10 μM (0.10 U mL−1) CYP153AMaq, 10 μM PdR, 100 μM Pdx (molar ratio of CYP153AMaq : PdR : Pdx =
1 : 1 : 10), 4 mM NADH, 2 mM dodecanoic acid and Mg2+ at different concentrations (5–40 mM) as substrate. The reactions were performed at room
temperature for 1 h. (b) Optimization of the enzyme ratio for CYP153AMaq : AcCO6 : EcALDH. With a fixed concentration of CYP153AMaq at 20 μM
(0.19 U mL−1) and AcCO6 at 100 μM (0.03 U mL−1), EcALDH was added in varying proportions. All data is presented as the mean value of three inde-
pendent technical experiments (n = 3), and the error bars indicate ± SD.
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Multi-enzyme cascade conversions of different chemically
inert alkanes to dicarboxylic acids

Inspired by the efficient conversion of dodecane to dodecane-
dioic acid using the multi-enzyme cascade, we extended this
strategy to a range of linear aliphatic hydrocarbons (C6–C14) to
evaluate its substrate scope for α,ω-dicarboxylic acid synthesis.
As summarized in Table 1, except for tetradecane, eight sub-
strates (C6–C13) were successfully converted into their corres-
ponding fatty acid intermediates in Module I. The concen-
trations of the fatty acids obtained were as follows: hexanoic
acid (0.16 ± 0.01 mM), heptanoic acid (0.42 ± 0.02 mM), octa-
noic acid (0.67 ± 0.04 mM), nonanoic acid (2.10 ± 0.02 mM),
decanoic acid (0.79 ± 0.03 mM), undecanoic acid (2.08 ±
0.18 mM), dodecanoic acid (1.53 ± 0.06 mM), and tridecanoic
acid (0.88 ± 0.03 mM). Among these intermediates, the C9–C13

fatty acids were further transformed into the corresponding
α,ω-dicarboxylic acids via Module II. Specifically, azelaic acid
(0.64 ± 0.01 mM), decanedioic acid (0.63 ± 0.01 mM), undeca-
nedioic acid (1.41 ± 0.02 mM), dodecanedioic acid (1.49 ±
0.04 mM), and tridecanedioic acid (0.83 ± 0.02 mM) were
obtained. Although C6–C8 alkanes were successfully oxidized
to their corresponding fatty acids in Module I, no formation of
the corresponding α,ω-dicarboxylic acids was observed in
Module II. This limitation reflects the intrinsic substrate speci-

ficity of CYP153AMaq toward medium- to long-chain substrates
(C9–C20).

36 Future efforts will focus on rational engineering of
CYP153AMaq to constrain the substrate-binding pocket, as well
as on mining natural ω-hydroxylases with inherent activity
toward short-chain fatty acids, to enable efficient dual-terminal
oxidation across a broader substrate range.

As a proof-of-concept study, the results summarized in
Table 1 clearly demonstrate the technical feasibility of the pro-
posed multi-enzyme cascade system for converting chemically
inert C9–C13 n-alkanes into the corresponding α,ω-dicarboxylic
acids. The successful biosynthesis of this series of high-value
monomers highlights the broad applicability and industrial
versatility of the cascade, establishing a promising biotechno-
logical platform for the sustainable valorization of inert
alkanes into key precursors for pharmaceuticals, polymers,
and fine chemicals. Azelaic acid (C9), a first-line topical
pharmaceutical ingredient for the treatment of acne and
rosacea, exhibits antibacterial, anti-inflammatory, and kerati-
nocyte-regulating properties.63,64 Decanedioic acid (C10) serves
as a key monomer for high-performance polymers such as
Nylon 6,10 and Nylon 10,10, which are widely used in automo-
tive components and electronic housings, and is also a base
material for high-temperature lubricating greases in aerospace
and precision machinery applications.65 Undecanedioic acid
(C11) is a critical feedstock for engineering plastics, particularly
Nylon 11, which is employed in high-reliability components
such as fuel lines and pneumatic braking systems; it is also
used in the fragrance industry for the synthesis of high-grade
musk compounds. Dodecanedioic acid (C12) is an important
monomer for the production of high-performance engineering
plastics (including Nylon 6,12 and Nylon 12,12), specialty poly-
mers, plasticizers, fragrances, and pharmaceutical intermedi-
ates.66 Tridecanedioic acid (C13) plays a significant role in the
high-end fragrance industry as a core precursor for musk-T
and luxury perfume formulations.67 And it is also used in the
synthesis of specialty engineering plastics such as Nylon 13,13
and Nylon 6,13.68

Conclusions

In this work, we have established a multi-enzyme cascade con-
version system driven by dual internal hydrogen-borrowing
cycles for the deep oxidation of chemically inert alkanes to
α,ω-dicarboxylic acids. By coupling regioselective C–H oxyfunc-
tionalization with tightly balanced cofactor regeneration, this
strategy utilizes molecular oxygen as the sole terminal oxidant
under mild conditions. This design not only eliminates the
need for external reducing agents or sacrificial cofactors but
also maximizes atom economy, demonstrating a highly
efficient route for transforming inert alkanes into value-added
monomers. Beyond the synthesis of DCA, this study estab-
lishes general design principles for constructing C–H
functionalization cascades that apply to the sustainable pro-
duction of a broader range of high-value chemicals. By inte-
grating enzyme-catalyzed C–H activation with rational cascade

Fig. 5 The tracking of concentrations of 12-hydroxydodecanoic acid
(12-HDA), 12-oxododecanoic acid (12-ODA) and dodecanedioic acid
(DDA) following a time course. The reactions were performed in a 7 mL
sealed vial with magnetic string at room temperature. The 500 μL reac-
tion mixture contained 100 mM KPi buffer (pH = 8.0), 25 μM (0.15 U
mL−1) AlkB, 75 μM AlkG, 150 μM PdR (molar ratio of AlkB : AlkG : PdR =
1 : 3 : 6), 15 μM (0.29 U mL−1) EcALDH, 25 μM NADH, and 0.75% (v/v)
dodecane as substrate. After 6 hours of the Module I reaction, the reac-
tion mixture was used directly without any intermediate enzyme
removal steps. The reaction of Module II was started by adding 30 mM
MgCl2, 20 μM (0.19 U mL−1) CYP153AMaq, 20 μM PdR, 200 μM Pdx (molar
ratio of CYP153AMaq : PdR : Pdx = 1 : 1 : 10), 100 μM (0.03 U mL−1) AcCO6,
30 μM (0.52 U mL−1) EcALDH, and 10 μM CatA directly into the same
reaction vessel. All data is presented as the mean value of three inde-
pendent technical experiments (n = 3), and the error bars indicate ± SD.
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design inspired by synthetic biology, this work advances green
manufacturing strategies that operate under mild conditions
and avoid the energy- and emission-intensive steps character-
istic of conventional petrochemical processes. Notably, the
successful implementation of an internal hydrogen-borrowing
cycle within a minimal four-enzyme, cell-free system demon-
strates an effective strategy for biocatalytic process design, pro-
viding a practical blueprint for atom-economical and economi-
cally viable production of redox-intensive chemicals.

While the current space–time yield and final titer of this
proof-of-concept in vitro cascade cannot yet compete with
mature industrial fermentation or chemical processes, it estab-
lishes a foundational methodology. Future bioprocess engin-
eering, such as enzyme immobilization and continuous-flow
application, will be essential to optimize these quantitative
parameters for industrial scale-up.
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